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ABSTRACT
Conjugated polymer nanoparticles (CPNs) or “polydots” are among the most
promising fluorescent nanoparticle probes for many fluorescence-based techniques used
in biological analysis1 as a result of their small size, large absorption cross-sections,
tunable emission wavelengths and high fluorescence quantum yields. For this reason,
various fluorescence-based applications are being pursued such as particle tracking2 and
single nanoparticle sensors.3 Some applications require or could benefit from narrower
particle size distributions, and there is also interest in the dependence of particle
properties on size. Thus there is interest in developing and improving methods for
separating conjugated polymer nanoparticles by size.
This dissertation is focused on using the agarose gel electrophoresis technique for
size separation of CPNs. The nanoparticles used in this study are made from three
conjugated polymers which are PFBT, MEH-CN-PPV, and MEH-PPV. In order to study
the effect of particle sizes on energy transfer in CPNs, perylene red doped PFBT particles
with various doping ratios are also utilized. In this work, UV-Vis absorption,
fluorescence emission and single molecule fluorescence microscopy and spectroscopy are
used to study the photophysical properties of CPNs. Moreover, to study the size
distribution, zeta potential and surface morphology of the nanoparticles, techniques such
as dynamic light scattering (DLS) and atomic force microscopy (AFM) were applied.
Different methods were tested to extract the nanoparticles from the agarose gel after the
size separation and it was found out that among these methods, mini electrolysis
extraction works the best for the case of CPNs.
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This work shows that by setting appropriate parameters such as gel concentration,
electric field strength, gel passivation, etc., agarose gel electrophoresis is an appropriate
technique for size separation of CPNs. Moreover, by having suitable methods for particle
extraction from the gel after running electrophoresis experiment, the possibility of having
samples of CPNs with a narrow size distribution which be used to study the sizedependent properties of CPNs is provided.
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CHAPTER ONE
Introduction
1.1 Introduction on fluorescence
Fluorescence microscopy and spectroscopy with the use of different fluorescent
techniques plays a significant role in the study of biological samples and characterization
of biological systems.1,2 In the first part of this chapter, some information about the
principals of fluorescence emission is provided. To give a brief description, fluorescence
being a type of luminescence, is an electromagnetic phenomenon in which light is
emitted over a short period of time (10-9- 10-7s) from a molecular system that has
previously absorbed energy by electromagnetic radiation.3 A good way to represent
electronic transitions related to electromagnetic absorptions and emissions is by using
Jablonski diagram.4 In figure 1, a typical Jablonski diagram is shown.
In some molecules having π bonds, the highest occupied molecular orbital (HOMO)
electrons can be promoted to the lowest unoccupied molecular orbital (LUMO) by
absorbing a photon of suitable wavelength

from the UV-Vis region of the

electromagnetic spectrum and go from the ground electronic stat (S0) to the excited
electronic states (S1 or S2) depending on the energy of the absorbed photon; in both cases,
if the energy of the photon is more than enough for the change in the electronic states,
part of the rest of the energy will cause the electron to go to higher vibrational states of
the excited electronic state; this phenomenon is called absorption.

1

Figure 1.1 Jablonski Diagram

Absorption in bulk can be quantified by Beer- Lambert law (Beer’s law) shown in
equation (1-1). In this formula, A = log10(I0/I) represents absorption of photons of a
specific wavelength , C represents the concentration of the solution (mole/L), l represents
the path length (cm) and ε represents the molar absorptivity of sample for the wavelength
of absorption (L mole-1 cm-1) also I represents the intensity of light.
A = log10 (I0/ I) = ε × C × l

(1-1)

By making some assumptions such as considering molecules as opaque disks having
an absorption cross-section of σ (cm2) and working on molecules in a small volume with
length dz (cm), total area of S (cm2) and total molecular density of N (molecules/ cm3),
one can derive Beer’s law formula from a molecular level.5 Figure 1.2 illustrates these
assumptions and the following is a derivation.
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If we show the total number of molecules in the slab with Nt then we will have Nt =
N × S × dz. Since the absorption cross-sectional area is the only area where light can be
absorbed, thus X being the ratio of the total area where light is absorbed compared to the
total area of the slab can be written as X = σ × Nt / S which can be furthered simplified to
X = σ × N × dz. We assume that light is only absorbed in the cross-section area, for this
reason, we can write dI = - Iz × X, so dI = - Iz × σ × N × dz, there exists a negative sign
since dI is the intensity of the light being absorbed. It can thus be written that:
!"
"#

= - σ × N × dz

(1-2)

By integrating equation (1-2) from z = 0 to z = 1, equation (1-3) is derived.
ln (

!"
!

)=σ×N×l

(1-3)

As it is seen, equation (1-3) looks very similar to equation (1-1) and in fact, the only
things needed to do to make them look exactly the same is doing some conversions.
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Figure 1.2 Schematic illustration of derivation of Beer’s law from a molecular
perspective. In this figure, dI = Intensity of the absorbed light; I0 = Initial intensity of
light before entering the sample; I = Final intensity of light; Iz = Intensity of light entering
the slab; l (cm) = Sample path length; dz (cm) = Length of the slab; S (cm2) = Total area
of the slab; σ (cm2) = Molecular absorption cross-section; N (molecules/ cm3) = Sample
molecular density.
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By absorbing a photon of adequate energy, an electron can be promoted to an excited
state, at this point, there are many different pathways for the electron to take, each of
which leads to a photophysical process (some of these processes are shown in the
Jablonski diagram in Figure 1). Be definition, Fluorescence is a radiative decay in which
the electron goes from a singlet excited state to the singlet ground state and emits a
photon of shorter wavelength compared to the absorbed photon; Internal Conversion is a
non-radiative decay in which the electron goes to a lower energy state of the same spin
multiplicity; Intersystem Crossing is another non-radiative decay process through which
the spin state of the system changes from singlet to triplet causing the electron to lose
energy and be in a relatively more stable state; Phosphorescence is also a radiative decay
process, it differs from fluorescence due to the face in this process the electron goes from
an excited triplet state to the ground state.1 Each of this photophysical processes has a
rate; these rates are kabs, kF, kIC, kISC, and kp respectively. An overall rate can be
considered for the non-radiative processes altogether (knr = kIC + kISC + rate of other nonradiative processes). Fluorescent quantum yield (φF) which shows the fluorescent
efficiency, is the ratio of the number of photons emitted through fluorescence to the sum
of non-radiative rates and radiative rates, it is also equal to rate of the fluoresce emission
over the sum of rate of all radiative and non-radiative processes (φF = kF / (kr + knr)).
Up to this point, the focus was on the processes in one molecular system, one of the
important concepts and techniques of fluorescence is the fluorescence energy transfer in
which absorption happens at one molecule (system) and emission occurs from a second
one, there are two main mechanisms for this phenomenon, which are the Dexter energy
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transfer6 and Förster resonance energy transfer,7 figure 1.3 illustrates the comparison of
these two mechanisms.

Figure 1.3 Illustration of the comparison of Dexter and Förster mechanisms.
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As it is shown in the figure, in the Dexter transfer mechanism, the transfer of energy
happens as a result of electron transfer between donor and acceptor, for this very reason,
Dexter transfer requires donor and acceptor to have overlap within their electron clouds
and wavefunctions, thus it occurs with good rate only when the two systems are within 10
Angstroms of each other. On the other hand, Förster energy transfer can be observed even
when the donor and acceptor are up to 10 nanometers apart which is comparably a 10
times longer distance, this is because this mechanism is based on dipole coupling and not
electron transfer.
Since FRET is a distant dependent process technique which is widely applied in
biosensors8 and molecular motors9, is often referred to as the “Spectroscopic Ruler”.10
One important thing to have in mind, for having the energy transfer, there needs to be a
good degree of overlap between the emission spectrum of the donor and the absorption
spectrum of the acceptor. Equation 1-4 shows the relationship between the FRET energy
transfer rate and donor-acceptor distance.
"

KET= 1/τD × ( $0 )6

(1-4)

In this equation, τD is the fluorescence lifetime of the donor when the acceptor
molecule is not present, R0 represents the Förster radius and r is the donor-acceptor
distance. By definition, Förster radius is the donor-acceptor distance at which energy
transfer has an efficiency of 50%. Equation 1-5 shows the relationship between energy
transfer efficiency (E) and the donor-acceptor distance.
E=

!"#

(1-5)

(% # &!"# )
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In this formula, if we put r = R0 then we obtain E =0.5 which shows the definition for the
Förster radius.
Since fluorescence has been used in biological and material sciences for more than
ten decades; as a result, many different fluorescent techniques such as fluorescence
anisotropy11, fluorescence lifetime imaging michroscopy12, fluorescence correlation
spectroscopy13 and single molecule fluorescence microscopy and spectroscopy14 have
been developed for probing the properties, structure, and interactions of various chemical
species. Moreover, many different fluorophores have been prepared, these fluorophores
can be placed in 3 main groups which are as follows:
1. Organic Dyes
Synthetic organic dyes and their derivatives such as fluorescein and rhodamine are in
this category. Due to their small size, they are very good for bioconjugation and coating.
2. Biological fluorophores
This group involves fluorescent proteins such as the widely used green fluorescent
protein (GFP)15, phycobiliprotein16 and their derivatives. The advantage of fluorophores
in this group is that by the means of the interlocution of expression plasmids, the
fluorophore of interest can be expressed in the bacteria, cell or the organs under study.17
3. Quantum Dots
Quantum dots which are nanocrystals with unique chemical and physical properties
have been uses as fluorophores in various biological studies since their development in
the 1980s and 1990s.18,19 Quantum dots have a large number of advantages compared to
organic dyes and biological fluorophores, and many research groups are working one
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them as a result of having better photostability, larger fluorescence cross-sections, sizetunability and the possibility of being doped and coated.20

1.2 Introduction on conjugated polymers
Since the observation of semiconducting properties of conjugated polymers by
Heeger MacDiarmin, and Shirakawa in 197721, as a result of their light weight,
flexibility, semiconductivity and being fluorescent, these materials have been vastly used
in electro-optic applications such as light emitting devices and photovoltaic cells.22,23
Polymers having alternating single and double bonds along their backbone are known as
conjugated polymers. Since π electrons in the conjugated system are delocalized,24,25 they
behave as organic semiconductors. Four of the commonly used conjugated polymer
backbones are polyfluorenes (PFs), polythiophenes (PTs), polyphenyl ethynylenes (PPEs)
and polyphenylene vinylenes (PPVs) that are shown in figure 1.4.

R1

R1

R2

n
S

PT

PPE

R2

n

R1
R2

R1

n
R2

n

PPV

PF

Figure 1.4 Chemical structures of common conjugated polymer backbones.
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The π-conjugation has a typical length of 4 to 10 monomer units26 in the conjugated
polymers as a result of factors such as bends, twists, and kinks in the polymer chain,
thermal disorder, electron correlation effects27, and Peierls distortion28, thus in the
conjugated polymers, the π-conjugation does not exist along the entire length of the
polymer backbone. For the conjugated polymers, photophysical properties such as
absorption and emission spectra, largely depend on the conjugation length since the
available space for delocalization dictates the energy level of the electronic state.
Conjugated polymers commonly have a high absorbance in UV-visible and near IR range
because of their HOMO-LUMO energy gap in the range of 1.5 to 3 eV. Moreover,
similar to the case of organic dyes, existence of heteroatoms (such as O, N, F, and S) in
the polymer structure and structural changes of side chains alter their photophysical and
chemical properties. For example, heteroatoms can give rise to n-to-π* transitions,
transitions between non-bonded lone pair states, which are usually located roughly
midway between the π and π*, thus this transition reduces the gap by about half.29,30

1.3 Introduction on conjugated polymer nanoparticles
Conjugated polymer nanoparticles (CPNs) are nanoparticles made from conjugated
polymers. These nanoparticles have emerged as a promising class of multifunctional
photoluminescent nanomaterials. The properties of the CPNs are easily tuned by
modifying parameters such as type of conjugated polymer, preparation method,31 surface
functionalization,32 dye doping,33 bioconjugation,34 and encapsulation.35 In addition to
having tunable properties, being non-toxic,34,36 and more biocompatible compared to
inorganic nanoparticles, make this class of materials a more attractive and reasonable

10

material choice.37 It should be added that apart from these advantages, CPNs are also the
brightest fluorescent nanoparticles, depending on the conjugated polymers used and
surface modifications in their preparation, they are roughly 20 − 100 times brighter than
semiconductor quantum dots,38,39 this is due to their high extinction coefficient, high
chromophore density, and high fluorescence quantum yield.40 As a result of their eyecatching properties mentioned above, CPNs are applied as fluorescent nanomaterials in
many different areas. They are used as fluorescent tags for nanoscale tracking and
imaging,41,42,43,34,44 nanosensors,45,46,47 photoswitching-based ultra resolution fluorescence
imaging,48 and electro-optic devices.49,50
Preparation of CPNs from simple organic molecules involves two main steps, the
first step is the preparation of the conjugated polymers (CPs), and the second step is the
preparation of CPNs from the CPs of interest.51 Depending on the type of monomers, CPs
can be synthesized with appropriate polymerization methods such as Suzuki coupling,52
Heck coupling,53 Sonogashira coupling,54 oxidative polymerization,55 and other
polymerization methods. However, common CPs such as PFBT, PPE, MEH-PPV, etc.
can be purchased from chemical companies. Moreover, there are three main methods for
preparations of CPNs from CPs, these methods are Nano-precipitation, mini-emulsion,
and self-assembly.
In the nano-precipitation method, CPs are initially dissolved in a good solvent that is
water miscible (e.g., tetrahydrofuran), then they are then added to an excess amount of a
poor solvent (water) under ultrasonic dispersion. Finally, the process is completed by the
evaporation of the good solvent. The nanoparticles are formed as the result of aggregation

11

due to change of solvent.56,41In the mini-emulsion method, CPs and surfactant are
dissolved in a water immiscible solvent, by adding water and forming an aqueous
solution, the organic phase disperses. Extraction of the organic solvent will lead to
nanoparticle formation in this method.32,57 In the self-assembly method, oppositely
charged CPs are dissolved in water to make an aqueous solution, by adding coassembling reagents and stirring the solution, CPNs are formed.58,59
The size of CPNs may vary between a few nanometers to a few microns depending
on the preparation methods, and the number of polymer chains per particle. It is believed
that the CP chains in the CPNs are closely packed, having a disordered structure.60,61
CPNs may consist of one to hundreds of polymer chains and this is the main factor
contributing to their size. Being among soft nanoparticles, CPNs have particle shapes
ranging from spherical to ellipsoidal. See figure 1.5.

Figure 1.5 SEM image of CPNs of different sizes and shapes. (a) Spheres with a
diameter of 28 nm and an aspect ratio of 1.0. (b) Ellipsoids with a length of 140 nm and
an aspect ratio of 1.5. (c) Ellipsoids with a length of 200 nm and an aspect ratio of 1.2.
(d) Spheres with a diameter of 1,000 nm and an aspect ratio of 1.0. The white bar shows
200 nm in each case. Adapted with permission from ref.
Publisher Ltd.
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1.4 Introduction on size separation of CPNs with electrophoresis
Quantum dots are often referred to as artificial atoms since many of their physical
properties such as their absorption and emission spectra which depend on their HOMOLUMO energy gap are functions of their sizes.63 Similarly, for semiconducting polymer
dots and conjugated polymer nanoparticles have size dependent photophysical properties
which result from the polymer conformation in the solution, also polymer packing and
folding during the process in which the polymers form nanoparticles.64,65 There are three
main preparation methods for CPNs which are nano-precipitation,66- 67 mini-emulsion,6869

and self-assembly.41-43 An important fact regarding these preparation methods is that

none of them provide strong control over the size of the nanoparticles that are produced,
and yield a broad size distribution, particularly at the smaller sizes that are often of
interest for biological imaging or sensing applications as well as for study of nano-size
effects. For this reason, a size separation step is needed if one wants particles of a
narrower size distribution range.
Although a large number of separation techniques such as chromatography,70,71 use
of magnetic fields,72 density gradient centrifugation,73 electrophoresis,74 membrane
filtration,75 and many other ones have been used for the size and shape separation of
inorganic semiconductor and metal nanoparticles and quantum dots; we do not have the
same case for size separation of the conjugated polymer nanoparticles since they are
comparably softer materials and many of these techniques will cause the CPNs to
aggregate and lose their colloidal stability.
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In the electrophoresis process, charged particles are separated due to their size,
charge, and shape in a uniform electric field. Electrophoresis techniques are widely used
in protein and DNA chemistry and biological research.76 During the process of
electrophoresis, the electric field causes charged objects to move towards the electrode of
the opposite charge. Equation (1-6)77 shows the relationship between the velocity of
particles and the electric field strength during the electrophoresis process when the
Reynolds numbers are low for the system and the electric field is moderate.
V= µe × E

(1-6)

In this equation, E is the electric field strength, V is the steady-state velocity of the
particle and the constant µe is the electrophoretic mobility of particle which is one of its
characteristic physical properties that depend on the particle’s size, shape and charge. The
electrophoresis technique has been recently used for size and shape separation of some
nanoparticles such as gold and silver nanoparticles,78,79 and polystyrene nanoparticles.80
The following chapters focus on size separation of CPNs using gel electrophoresis,
methods for particle extraction from the gel and post-experimental analysis of the
separation results.

1.5 Introduction on size measurement with Dynamic Light Scattering
Dynamic light scattering (DLS) is a characterization method for the size distribution
of particles such as nanoparticles, polymers, proteins and colloids in a suspension or
solution. This technique is widely used in biological, physical and chemical research
areas. In a typical DLS experiment, a monochromatic incident light from a laser source
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impinges on a solution of particles smaller than the wavelength of the laser light and by
analyzing the scattering patterns, information about the size of the particles is achieved.
The theory behind the DLS is based on concepts such as Brownian motion,81
Rayleigh scattering,82 Doppler shift, scattering patterns and time and intensity correlation
functions. As described by the Brownian motion, particles in solutions and suspensions
have random moves (diffusion) as a result of collisions with the solvent molecules.
Equation 1-7 shows the relationship between the mean squared displacement for this
random walk and time.
<x2> = qi × D × t

(1-7)

In this equation, <x2> is the mean squared displacement, t is time, qi is a numerical
constant that depends on the dimensionality of the diffusion (equals to the number of
diffusion dimensions multiplied by two), and D is the diffusion constant. Stokes-Einstein
equation81 (1-8) shows that this constant depends on the temperature, size of particles and
the viscosity of the solution.
D=

("# × &)
(( × ) × * × +)

(1-8)

In this equation, µ is the viscosity of the solution, T is the temperature, KB is the
Boltzmann constant and a is the hydrodynamic radius of the particle; by definition,
hydrodynamic radius of a particle is the diameter of a hard sphere that diffuses at the
same speed that particle diffuses.
Due to equations (1-7) and (1-8), when particles are smaller, they diffuse faster.
According to the Rayleigh scattering, particles of diameter (d) will elastically scatter and
diffract an incident light of the wavelength (L), if (d) is smaller than (L). A diffraction
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pattern is produced if the diffracted light is projected onto a screen, in this pattern, the
bright spots and dark spots are results of in phase constructive and out of phase
destructive interactions of the diffracted light.
In practice, particles are constantly moving as a result of the Brownian motion, due
to this fact, there will be fluctuations in the scattering pattern intensity for the bright and
dark points. This fluctuation depends on the velocity by which the particles move and due
to equations (1-7) and (1-8), it depends on the size of the particles. Hence, by analyzing
the rate of these intensity fluctuation signals, one can acquire information regarding the
size distribution of the particles in the sample solution. Intensity fluctuation signals can
be processed by forming an Autocorrelation Function (ACF), equation (1-9) shows this.
C(! ) =

!" # ." #&' (
!"(#)+ (

(1-9)

In this equation, C(! ) is the intensity autocorrelation function, A is optical constant, τ is
the delay time of the function, t is time, I is the intensity and angular bracket <> denote
expected value operator.
When particles are smaller, they move faster and make more fluctuations in the
scattering pattern.83 It should be stated that DLS gives the hydrodynamic diameter of
particles and size of hard spheres that diffuse at the same speed that particles diffuse;
thus, if particles are not spherical, rather than providing information about their exact size
and shape, DLS gives information regarding what size of a hard sphere they can be
compared to. Figure 1.6 provides an illustration for comparison between large and small
particles, their intensity fluctuations and autocorrelation functions. It should be also noted
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that non-spherical particles show anisotropy and as a result, their behavior in the DLS is
angular dependent. For this reason, particles of different sizes show their their most
accurate size characterization results at a different optimum DLS angle (Ø).84
By placing the sample cuvette in an electric field, and using equations (1-6)77 and
(1-10)85, DLS can be used to calculate the zeta potential of particles.
µep = εo × ζ / η

(1-10)

In these equations, Vep is the electrophoretic velocity, µep is the electrophoretic mobility,
E is the electric field strength, εo is the dielectric constant of the solvent, η is the viscosity
of the solvent and ζ is the zeta potential of the particles. Zeta potential of a particle, also
known as electrokinetic potential, is the average electrostatic potential in the surface of
that particle.86
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Figure 1.6 Comparison between intensity fluctuations over time and autocorrelation
functions over Log (τ) for large particles and small particles.
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CHAPTER TWO
CPN EXPERIMENTAL METHOD
2.1 Materials
The nanoparticles under the study were made from conjugated polymers, PFBT
(poly[(9,9-dioctylfluorenyl-2,7-diyl)-co-(1,4-benzo-{2,1’,3}-thiadiazole)])

with

the

molecular weight of 10,000 Da and polydispersity of 1.7, MEH-PPV (poly[2-methoxy-5(2-ethylhexyloxy)-1,4-phenylenevinylene]) with the molecular weight of 200,000 Da and
polydispersity of 4.0, and MEH-CN-PPV (poly[2-methoxy-5-(2-ethylhexyloxy)-1,4-(1cyanovinylene-1,4-phenylene)]) with the molecular weight of 353,000 Da and
polydispersity of 9.4 were acquired from ADS Dyes, Inc. (Quebec, Canada). The
fluorescent dye perylene red was purchased from Exciton (Dayton, OH). Fluorescein
which was used as the fluorescence standard was purchased from Life Technologies in
Grand Island, NY. Sodium hydroxide (NaOH, SigmaUltra, minimum 98%), APS 99.9%
((3-aminopropyl) trimethoxysilane) and anhydrous inhibitor-free tetrahydrofuran (THF),
99.9% that was used as the solvent were obtained from Sigma-Aldrich in Milwaukee, WI.
Tris base (tris(hydroxylmethyl)aminomethane), was purchased from J.T. Baker in Center
Valley, PA. Glacial acetic acid was bought from Alpha Aesar in Ward Hill, MA.
Agarose was purchased from Fisher Sciences in Asheville, NC and Na2EDTA was
provided by TCI Chemicals. No purification step was taken for these materials before
using them for conducting the research. Figure 2.1 illustrates the chemical structure of the
named conjugated polymers.

19

O

O

CN

n

n

O

O

MEH-PPV

MEH-CN-PPV
S
N

N

n

C8H17

C8H17

PFBT

Figure 2.1 Chemical structures of conjugated polymers MEH-CN-PPV, MEH-PPV, and
PFBT
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2.2 Conjugated polymer nanoparticle preparation method
The nanoparticles were prepared using a nano-precipitation method87,33 that is based
on reprecipitation process that was introduced by Kurokawa and co-workers.65 In this
process, the hydrophobic conjugated polymer is initially dissolved in a water-miscible
solvent (THF was used as the solvent) and then it is rapidly injected into deionized water
(DI water) while sonicating to promote mixing. Conjugated polymer nanoparticles are
produced as a result of polymer chain folding and collapsing due to the sudden solvent
quality change. In the second step of the preparation process, THF is removed from the
mixture, forming an aqueous suspension of the nanoparticles. The main physical
phenomenon that leads to the formation of nanoparticles during this process is the
collapse and folding of the polymer chains because the polymer-solvent interactions
become less favorable after the injection of THF-dissolved polymers into the water; this
process can also lead to polymer aggregation. Using THF-dissolved polymers of lower
concentrations such as 20 ppm and mixing the solvents rapidly will decrease the chance
of aggregation, thus resulting in the formation of smaller nanoparticles.
In order to have the CPNs (such as PFBT nanoparticles or MEH-PPV nanoparticles)
prepared, a homogenous 1000 ppm stock solution of the polymer of interest in fresh THF
was prepared by dissolving 10 mg of the polymer in 10 g of inhibitor-free HPLC grade
THF, then a 20 ppm solution of the polymer in THF was prepared by dilution. Next, 2 ml
of the prepared 20 ppm solution was rapidly added to 8 ml of DI water under sonication
and the mixture was sonicated for 30 seconds. THF was removed from the mixture by
putting the solution under vacuum at around 40 degrees Celsius for 8 hours. In order to
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remove the large aggregates from the nanoparticle suspension, the solution was filtered
using a 0.1-micron membrane. Assuming that the molar absorptivity of the CPNs and
aggregates of one specific polymer is equal and independent of their size, and by taking
the UV-vis absorption spectra of the solution before and after the filtration it was shown
that typically less than 10% of the polymer was lost during the filtration. Figure 2.2
illustrates PFBT nanoparticle preparation procedure.
In this procedure, for producing nanoparticles of blended polymers (for example
blended PFBT/ MEH-PPV or blended PFBT/MEH-CN-PPV particles), simply a separate
20 ppm solution of each of the polymers in THF was prepared, then these solutions were
mixed with different ratios to a final volume and 2 ml of this solution mixture was
injected to 8 ml of water under sonication, all other steps were taken in the way they were
for PFBT nanoparticle preparation. Similarly, for obtaining dye-doped nanoparticles, a
volume (the amount in microliters depends on the doping ratio) of the 1 ppm dopant dye
in THF was added to 20 ppm solution of the polymer in THF.
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Figure 2.2 A typical PFBT nanoparticle preparation procedure

2.3 Instruments used for characterization and nanoparticle
characterization methods
In this study, spectroscopic, microscopic and scattering techniques were employed to
characterize the nanoparticles and investigate their properties. Atomic microscopy (AFM)
and dynamic light scattering (DLS) were used the measure size distribution of particles
(AFM also provided information about the morphology of the particles), UV-vis
absorption spectroscopy and fluorescence emission spectroscopy were used to measure
the photophysical properties of the particles (their steady-state absorbance and emission),
and agarose gel electrophoresis was used for separation of the nanoparticles due to their
size and charge.
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2.3.1 UV-Vis absorption spectroscopy and fluorescence emission spectroscopy
The UV-Vis absorption spectra of the nanoparticles, polymer solutions, and dye
solutions were collected using a Shimadzu UV-2101PCscanning spectrophotometer that
can do measurements in the wavelength range of 190 nm to 900 nm. For doing the
measurements, either 1 cm cuvettes or 2mm cuvettes were used depending on the sample
volume. This instrument has two light sources and a PMT (photomultiplier tube) as the
detector.
A commercial fluorimeter using xenon arc lamp as the excitation source (Quantamaster,
PTI, Inc.) was used for taking the fluorescence spectra. A photomultiplier tube (PMT,
model 814) in photon counting mode was employed as the detector and the
monochromators for emission and excitation were set having a focal length of ¼ m and a
grating with 1200 grooves/mm. A solution of fluorescein in 0.01 M NaOH with pH =12
was used as the standard for the quantum yield measurements. An excitation wavelength
of 473 nm was used for all of the fluorescence measurements and all samples were
diluted so that they had an absorbance of around 0.05 at this wavelength before doing the
fluorescence measurements.
Beer’s law can be used for finding the molar extinction coefficient of CPNs, by
modifying the Beer’s law, it can be written that:

ε = A / (C × l)

(2-1)

In a typical measurement, l = 1cm and A is the absorption, the value of the molar
extinction coefficient can thus be calculated by plugging in the values for C (the molar
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concentration of CPNs), and A (absorbance). Equation (2-2) shows how the total volume
occupied by the conjugated polymers after the filtration of CPNs can be calculated.

!=

# × &'

(2-2)

( ×& )

In this equation, m is the mass of the conjugated polymer dissolved in THF to make 2 ml
of a 20 ppm solution, ρ is the density of the polymer, A1 is the peak value for absorption
of the sample solution before the filtration step, and A2 is the value for absorption at the
pick after the filtration step (A2 < A1 since some of the polymer is lost during the filtration
as a result of aggregation. By taking AFM images of the sample, the average diameter of
the nanoparticles can be calculated. Using this diameter, and assuming that CPNs are
spherical particles, the volume of a nanoparticle can be calculated (let us say this volume
is v). The total number of nanoparticles in the sample solution (n), will then be n = V / v.
and equation (2-3) can be used for finding the molar concentration of the CPNs.
M=

(" × %&&&)
(( × )*+,-./ )

(2-3)

In this equation, M is the molar concentration, A is the Avogadro’s number and
Vsample is the volume of sample solution. The quantum yield of the CPNs can be
calculated using equation (2-4).
Øf(x) =

'
("# $% &%
)

("% $# &#' )

× Øf(s )

(2-4)

This equation gives the value for the quantum yield of the CPN (Øf(x)), relative to
the quantum yield of a known standard (Øf(s)) by comparing their absorbance at the
excitation wavelength (Ax and As), their solvents, refractive indexes (nx and ns) and the
integrated area under their corrected fluorescence emission curves (Fx and Fs). In this
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work, Fluorescein with the literature quantum yield value of 0.92 was used as the
standard.88,89
2.3.2 Atomic force microscopy (AFM)
An Ambios Q250 multimode AFM was used as one of the instruments for size
characterization of the nanoparticles in this study. This instrument has a scanning range
of 5.7 µm in the Z direction and 40 µm in the XY direction. APS-functionalized
coverslips were used for AFM sample preparation. The glass coverslips were first washed
with soapy water, then DI water, then Nochromix/ H2SO4 solution and then DI water
again. In the next step, they were functionalized with amine groups using a 50 µl drop of
5× 10-4 M solution of APS in ethanol (freshly prepared solution), the APS solution was
allowed to be on the top of the coverslip for around 60 seconds and then the coverslip
was rinsed by DI water. By submerging the APS functionalized coverslip into 25 times
diluted CPNs solution for a period of 40 minutes then rinsing with DI water to remove
the excess CPNs and drying with nitrogen gas, the sample was ready for AFM analysis.
AFM (atomic force microscopy) is a member of scanning probe microscopy family.
It can characterize surface morphology, and other surface properties of materials by using
a small tip to scan the surface.90 AFM analysis can be done under a number of AFM
scanning modes including intermittent contact mode (tapping mode), contact mode and
non-contact mode. The tapping mode is a good choice for the study of soft samples and
weakly surface-adhered samples, thus it was used as the scanning mode for analyzing the
CPNs.
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In figure 2.3 an illustration of a typical AFM configuration is shown. The cantilever
oscillates in the Z direction the AFM tip that is attached to it, is scanned in the xy plate
across the surface of the sample. A laser beam hits the back of the cantilever, gets
reflected and then detected using a photodiode for controlling the oscillation of the
cantilever in the Z feedback control loop. In the tapping mode scanning, a piezoelectric
ceramic is used in order to oscillate the cantilever near its resonant frequency, which is
between 70 to 200 kHz, in this scanning mode, the oscillation frequency of the cantilever
is kept constant by adjusting the distance between the tip and the sample surface. While
the tip moves along the sample, the computer collects the data for the scanning lines, and
by assembling these scanning lines, the surface morphology image is developed.
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Figure 2.3 Schematic illustration of a typical AFM configuration
1: Cantilever, 2: Cantilever support 3: the Piezoelectric material of cantilever oscillation,
4: Tip, 5: Cantilever motion and deflection detector, 6: AFM sample, 7: xyz drive, and 8:
Stage.
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2.3.3 Dynamic light scattering
A Nano Brook Omni particle sizer and zeta potential analyzer (Brookhaven
instruments corporation; Holtsville, NY) was used for measuring the nanoparticles’ size
and zeta potential in aqueous solutions. Figure 2.4 illustrates a typical DLS set up. As it is
shown in the figure, the incident light goes from the laser source to the sample chamber,
goes through the sample cuvette and gets scattered by the sample, at a known angle (the
DLS scattering angle), the scattered light is detected by the detector; the signal output of
the detector is read by a digital signal processor correlator and the processed results are
sent to the computer system.
Depending on the experiment, different experimental parameters such as
measurement temperature, dust cutoff and analysis time were used which are stated under
the section for each experiment. The scattering light detection angle was set at 15o for
zeta potential measurements and at 90o for size measurements.

Figure 2.4 A typical DLS set up
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2.3.4 Agarose gel electrophoresis
The electrophoresis set up used for this work consisted of a horizontal standard minigel kit with gel tray dimension of 10 × 7.2 cm (L × W) and gel dimension of 10 × 7.7
cm (L × W) and EPS300X power supply, both bought from Fisher Scientist. A UV
flashlight, a 500 long-pass filter and an iPhone 6plus camera were used for taking
pictures of the running gels. In order to take pictures, the gel tray was placed under a box
having a window at the right side for the light from the UV flashlight to come in and a
window at the top with the filter and the camera on it to take picture, to stop the gel tray
lid from getting fogged by water condensation, nitrogen gas was purged under the lid
with a low flow. Using this box, we were able to take colored photos and videos of the
running gels. Moreover, since the nanoparticles were fluorescent themselves, there was
no need for using fluorescent labels. Figure 2.5 represents an illustration for this system.
One of the primary goals of this project was finding the best conditions under which
the CPNs could be separated using electrophoresis, for this very reason, different
electrophoresis conditions such as the power supply voltage, the gel concentration,
different running time periods and gel passivation with different agents were tested.
Chapter three of this thesis will partly focus on this issue.
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Figure 2.5 The set up used for taking images of the running gels,
1: box with the electrophoresis gel tray inside it, 2: Window for UV light source, 3: UV
lamp, 4: windows for air transfer, 5: iPhone camera, 6: 500 nm long pass filter, 7:
window for taking pictures.
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2.3.5 Single molecule microscopy and spectroscopy
A customized wide-field epifluorescence microscope (shown in figure 2.6) was used
for taking single nanoparticle measurements. The excitation source of this microscope is
a diode-pumped solid-state (DPSS) laser, producing a continuous wave with a
wavelength of 473 nm, in the blue region of the visible spectrum. Using an optical fiber,
the laser beam is coupled to the rear epi port of an inverted fluorescence microscope
(Olympus IX-71). In order to direct the beam into the high numerical aperture objective
(Olympus Ach, 100X, 1.25 NA, 0.13 mm working distance, oil), a 500 nm dichroic
mirror (Chroma 500 DCLP) was used. Using this setup, the laser excitation which has a
Gaussian profile with FWHM of around 3µm at the sample place has intensities between
10 W/cm2 to 2000 W/2 depending on the experiment. The emitted light from the
nanoparticles is collected with the same objective and is further filtered through a 500 nm
long-pass filter. After filtering background laser light, the fluorescence light is focused
onto a CMOS camera (Neo sCMOS, Andor). The Solis software which is provided by
Andor Technology is used to collect the images.
A transmission grating with 300 grooves/mm (Thorlabs, Inc. GT25-03) is used for
taking single molecule (nanoparticle) spectra. Mounting this grating in front of the
CMOS camera, the fluorescence light that is emitted from the nanoparticles is dispersed.
As an outcome, the resulting image consists of a zero-order fluorescence spot, which
corresponds to the fluorescence image of the nanoparticle, and a trace corresponding to
the (first-order) spectrum, which is located up to hundreds of pixels from the zero-order
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image. The Solis software is used to collect the images and the spectrum data is extracted
from these images, using custom MATLAB spirits.

Figure 2.6 The schematic design of the wide-field single molecule fluorescence
microscopy
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CHAPTER THREE
SEPARATION OF CPNS USING ELECTROPHORESIS
3.1 Introduction
As stated in the first chapter, many properties of nanoparticles are size dependent,
this means that even if nanoparticles are made of the same chemicals with same methods
and under exact same conditions, by having different sizes they may behave differently
under the same chemical and physical conditions. For example, the energy levels of
colloidal CdSe quantum dots and nanorods exhibit a pronounced quantum size effect as
evidenced by the absorption and emission spectra.93,94,95 This shows the importance of
having a narrow range in the sizing of the particles to be further studied or used; while
some nanoparticle production methods appear to provide reasonably good size control,
for some nanomaterials there are no well-developed or practical approaches that directly
synthesize nanoparticles with a narrow size distribution. In addition, aggregation,
Ostwald ripening, and other processes can broaden size distributions.96
Although there are many separation techniques available,97 most of them are not
compatible with Conjugated Polymer Nanoparticles. Conjugated Polymer Nanoparticles
(CPNs) cannot be separated by magnetic fields since they are not very magnetic; they
cannot be separated by many types of chromatography since they often bind to Stationary
phase; they cannot be separated by membrane filtration since they often bind to the
membrane; they cannot be separated by density gradient centrifugation since their density
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is almost same as that of water; moreover, the bigger particles also have the same mass to
size ratio as the smaller ones (particles made of same chemicals), they cannot be
separated by Selective Precipitation since that will cause aggregation that is likely to be
irreversible.
Recently Gel Electrophoresis has been used for separation of silver,98 gold,80, 63 and
sulfate-stabilized polystyrene nanoparticles,82 for the case of gold and silver
nanoparticles, since the metal particles do not have considerable surface charge, they
have had been coated by charged polymers and sodium dodecyl sulfate was added to the
gel buffer; in case of polystyrene nanoparticles, the gel was passivated with PEG of
different molecular weight ( 300Da, 1000Da, 10000Da) and SDS, and it was shown that
gel passivation with PEG 1000Da gives the best result.
Electrophoretic size and shape separation of nanoparticles is a physical process that
depends on a number of interactions between the particles, the matrix, and the electric
field that affect the separation of particles.76 Good separation can be achieved only by
increasing the rate of processes that have a positive effect and decrease the rate of the
other ones. For instance, decreasing the rate of nanoparticle binding to the agarose gel by
passivating the gel will let the particle be free and separate better, or increasing the
electrophoretic mobility of the nanoparticles by increasing their surface charge with the
means of functionalization with charged functional groups may improve their separation
resolution.
This chapter focuses on experimental work of electrophoretic separation of CPNs,
the effect of different experimental parameters such as gel concentration on the
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separation resolution, particle extraction methods from the gel and characterization
methods for analyzing the particles after being separated due to their size and charge.

3.2 Agarose gel electrophoresis experimental setup
3.2.1 Checking the stability of CPNs in intense electric fields
One of the first questions that should have had been answered first before running
the gel, was checking the effects of the electric field and the buffer on the stability of the
particles. Electric attraction is the driving force in the electrophoresis process. In order
for particles to be separated, they should be in an electric field. Since CPNs are soft
nanoparticles, it is crucial to check their stability under electric fields of different
strength. Although stability can have different meanings in different subjects, being
stable for the CPNs in this work means being able to maintain their size and
photophysical properties, such as their absorption and emission spectra after conducting
a test.
In order to do this, an Electroporator instrument was used. For preparing samples for
this experiment, a 1:1 mixture of CPN sample and 0.2 M TAE buffer solution was placed
in the electroporator cuvette, the electric field with a strength of interest was applied, then
the sample was collected to be used for taking AFM images and Fluorescence spectra.
Since the volume of the Electroporator cuvette was only 100 microliters, for each electric
voltage, 5 measurements were done to get 500 µl of sample, then after dilution to 2 ml by
adding 1.5 ml of DI water, enough solution was available to do the analysis.
Assuming that the electric field and buffer have the same effect on all of the different
conjugated polymer nanoparticles and due to time constraints, only samples of PFBT
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CPNs and MEH-CN-PPV CPNs were tested. These samples were tested under the
electric fields of 200 V, 300 V, 400 V, 450 V, 500 V, and 600 V. This process made no
discernible change in the average size of the particles as determined by comparing the
AFM images taken before and after the experiment. Moreover, the fluorescence spectra
showed no appreciable difference for particles on one polymer (e.g. PFBT), before
applying the electric field and after applying electric fields of different strengths.
3.2.2 Gel and buffer recipe
The 50X Tris-Acetate-EDTA (TAE) Buffer (10M) was prepared in a three step
process,

in

the

first

step

900

ml

of

DI

water,

242

gr

of

Tris

base

(tris(hydroxylmethyl)aminomethane), 57.1ml of Glacial Acetic Acid and 18.5gr of
Na2EDTA were combined and mixed well. Next, the pH was adjusted to be equal to 8,
using NaOH or HCl depending on the current pH, And lastly, the volume was adjusted to
be equal to one liter by adding DI water. The running TAE buffer (0.2 M) was prepared
by 50 times dilution of the 50X TAE buffer (10 M).
A typical 1% agarose gel can be prepared by mixing 300 mg agarose, 300 ml DI
water and 600 microliters of 50X buffer in a 250 ml Erlenmeyer flask. Agarose will not
dissolve in water at room temperature, for this reason, the solution was heated and stirred
using a microwave for several 20-second intervals until it became homogeneous. At this
point, the flask was left aside for 60 seconds so that the temperature decreases a little
since high-temperature solutions might deform the gel tray. Next, the solution was added
to the gel tray and the comb was placed. After waiting for 20 minutes, the gel was formed
and ready to be used.
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For having gels of different concentrations, the amount of the agarose was changed
while keeping the amount of the buffer and the amount of the DI water the same. For
example, in order to a make 0.5% gel, 150mg agarose was added and to make a 1.5% gel,
450 mg agarose was added to 300 ml DI water and 600 microliters of the 50X TAE
buffer. Moreover, for preparing passivated gels, a proper amount of the passivation agent
of interest (e.g. PEG or SDS) was mixed with the gel solution before being microwaved,
it was also added in the same proportion to the running buffer so that the passivation
agent would have the same concentration in gel and in the buffer solution.

3.3 Methods of particle extraction
An important step after the electrophoresis separation of the nanoparticles is the
extraction of particles out of the agarose gel for further analysis (e.g., for fluorescence
spectroscopy or dynamic light scattering). Although there exist easy to use extraction kits
for extraction of DNA out of the gel, such kits are of no good use for extraction of CPNs
since they involve organic reactions, change of the solvent, precipitation, and
resolubilization which might alter the nanoparticles. For this reason, we tried different
techniques to see which one will work well for the extraction of CPNs from agarose gel.
These techniques are introduced in this section.
3.3.1 Microcentrifuge filtration99
This extraction method is a filtration process that uses the centrifugation force as the
driving force. In this method, a 650 microliter centrifuge tube was placed in a 1.7 ml
centrifuge tube. Using a needle, a hole was made at the bottom of the small tube from
inside towards outside and then some glass fiber was put at the top of the hole.
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Comparing to a usual filtration set up, the big centrifuge tube plays the role of the flask,
the small one with the hole plays the role of the funnel and the glass fiber plays the role
of the filter paper. A slab of gel with CPNs in it was cut and placed in the smaller
centrifuge tube and the setup was centrifuged at 10000 RPM (4472×") for 5 minutes
using a miniSpin Eppendorf centrifuge with a rotor radius of 4 cm. During this process, it
was observed that some of the particles are extracted from the gel and were collected in
the solution in the bigger centrifuge tube. However, after taking AFM images of these
particles, aggregated particles were observed. Thus, it was not the best possible extraction
method.
3.3.2 Trapping in electric field
In this method, the same electric attraction that was used to size separate the particles
during the electrophoresis was used as the driving force for particle extraction from the
agarose gel. In order to do this, a small slab of gel with particles was cut, the
electrophoresis gel tray was emptied and the gel box was filed only with the buffer
solution, then a cuvette was horizontally placed in the middle of the gel tray and the gel
slab was put near the top opening of the cuvette hoping that when the electric field is
applied, particles will leave the gel to go closer to the electrode of the opposite charge
and on their way to do this, they will get trapped in the cuvette. Figure 3.1 shows this
setup.
It was however observed that particles move in the gel slab, and get closer to the
positive electrode, but they do not go into the cuvette. To do a control test to see if the

39

electric field can take particles out of the gel, the same test was done without the cuvette
and it was seen that if nothing is blocking them, particles do leave the slab of gel.

Figure 3.1 Illustration for trapping the particles in a cuvette in the electric field, as it is
shown, the particles went to the edge of the gel, but they did not go in the cuvette.
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3.3.3 Mini electrolysis extraction set up
Based on the results from the previous test, we thought that it might be a good idea to
the same test but with a smaller volume of solvent so that the particles would get out of
the gel and be dissolved in the solvent used. For this reason, a small electrolysis set up
was prepared using a 5 ml beaker as the container, two platinum wires as the electrodes
and an electric power supply.
For doing the extraction, a small slab of the gel (5 mm × 5 mm × 5 mm) with
particles was cut and placed into the small beaker near the electrode of the same charge
and the beaker was filled with 3 ml of 0.2 M buffer solution. After applying the electric
field for two hours, it was observed that particles were extracted from the gel and were
suspended in the buffer solution. Figure 3.2 shows the set up for this extraction method.
No aggregates were observed in the AFM images of particles after being extracted with
this method.
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Figure 3.2 Illustration for Electric Field Attraction Extraction. In this picture, red dots are
the nanoparticles and yellow rectangles are pieces of gel.
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3.4 Nanoparticle size, shape and zeta potential measurements
In this work, atomic force microscopy (AFM) was used for particle morphology and
size distribution analysis and dynamic light scattering (DLS) was used for zeta potential
and size distribution analysis. Figure 3.3 shows an AFM image and its particle size
histogram for PFBT nanoparticles, as the histogram shows, the particle size for this batch
of particles was 25 ± 20 nm. The size of the distribution provides evidence for the need of
a separation method leading to particles of a narrower distribution size. Moreover, figure
3.4 shows a DLS diagram of PFBT nanoparticles.

Figure 3.3 AFM image and histogram of PFBT CPNs.
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Figure 3.4 DLS analysis of PFBT CPN.
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3.5 UV-Vis absorption and fluorescence emission spectra
UV-vis absorption spectra and fluorescence emission spectra were used to study the
photophysical properties and photophysical stability of the nanoparticles in this project.
Figure 3.5 represents photos taken from CPN samples made from conjugated polymers
PFBT, MEH-CN-PPV, and MEH-PPV. The image shows the photo of these samples
under room light (on the left side) and under the UV light from a UV flashlight, to take
the photo of particles under the UV light, a 500 nm long-pass filter was applied.

Figure 3.5 Photos of CPN samples

Figures 3.6 and 3.7 represent typical UV-vis absorption and fluorescence emission
spectra of these samples respectively. For taking the fluorescence spectra, λ = 473 nm
was used as the excitation wavelength.
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Figure 3.6 UV-Vis absorption spectra of CPNs

Figure 3.7 Fluorescence emission spectra of CPNs
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As it is shown in figure 3.6, CPNs have a broad absorption band from around 350 nm
to around 550 nm. MEH-PPV CPNs have an absorption maximum at ~370 nm, the
maximum for the PFBT CPNs is ~ 450 &' and for MEH-CN-PPV CPNs is ~ 470 &'.
The absorption spectrum for MEH-PPV CPNs has a shoulder; moreover, the fluorescence
spectrum of these particles has a shoulder as well. PFBT CPNs have a fluorescence
emission maximum at ~545 %&, MEH-PPV CPNs have a maximum at ~ 485 &' and
MEH-CN-PPV CPNs at ~620 &'. Using fluorescein in 0.01 M NaOH as the standard,
the quantum yield of the CPN samples is measured. The quantum yield of these
nanoparticles may vary between 5% to up to 40% depending on the type of the
conjugated polymer and doping conditions.100 Typical quantum yield value for PFBT
particles is 15 %, for MEH-PPV particles is 7 % and for MEH-CN-PPV particles is 12 %.

3.6 Effect of experimental conditions on separation results
One of the primary goals of this work was finding the optimum conditions for the
size separation of CPNs, for this reason, many experiments were done under different
electric field strengths, gel concentrations and passivated gels to see what combination of
experimental parameters would lead to a better resolution in particle separation. It should
be stated that for testing each parameter, all other parameters were kept constant. For
example, in the case of testing the effect of gel concentration on the electrophoresis of
CPNs, a series of tests were conducted, all these tests had the same particles, same
electric field strength, no passivation and same running time. In these tests, the only
parameter that was changed was the concentration of the agarose gel.
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Moreover, all the tests except the very first ones were done under the setup shown in
figure 2.5. By using this setup, we had the ability to take high-quality color pictures of
the running gels.

Figure 3.8 Image of a gel at the early stages of the project. At that time a long-pass filter
was not used for talking picture, thus the background light from the UV lamp caused poor
imaging. This image shows the electrophoresis of PFBT nanoparticles with 1% agarose
gel and 0.2 M TAE buffer under the electric field of 140 V.
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Figure 3.8 shows an image taken at the early stage of the project. For this image, the
setup in figure 2.5 was not used.
3.6.1 Testing the effect of gel concentration on CPN separation
To test the effect of gel concentration on the nanoparticle separation resolution,
electrophoresis tests with gel concentrations of 2%, 1.5%, 1%, 0.8%, 0.5% and 0.46%
were conducted. These gels were not passivated with any passivation agents. All these
tests were done under the electric field strength of 140 volts and experiment time of 45
minutes. For loading the samples in the gel, the nanoparticle sample solutions were
mixed with glycerol with 5 to 1 ratio to increase their density so that they would not leave
the loading wells. The setup shown in figure 2.5 was used for taking pictures of the gels.
The results showed that although the nanoparticles were mobile even at high gel
concentrations such as 2% and 1.5% agarose gels, they were not size separated, no good
separation was achieved at concentrations higher than 1%, at these high concentrations,
gel pores are smaller and even though they are still bigger than particles, particles get
kinetically trapped.
At 1% gel concentration, we achieved better separation, but still, particles made a
band as they moved along the gel, the point that should be mentioned about this band is
that in these bands, particles were not sorted due to their size, probably these bands were
still a result of kinetic trapping. Figure 3.9 represents the photo taken from a 1% gel that
ran for PFBT nanoparticle, MEH-CN-PPV nanoparticles and mixture of both
nanoparticles. As it is shown in the figure, under this condition, particles leave a tail as

49

they move along the electric field towards the electrode of the opposite charge. It was
observed that the separation resolution increased as the concentration of the gel decreased
from 1% to 0.46% and the best separation occurred with the gel concentration of 0.46%
as it is shown in figure 3.10.

Figure 3.9 Particles in 1% gel at 140 V. Wells A were filled with PFBT particles, well Cs
with MEH-CN-PPV particles and wells B with the mixture of both particles, this image
shows that although particles are mobile in 1% agarose gel, no good separation happens.
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Figure 3.10 Gel concentration: 0.46%, V=145 v, wells filled with PFBT, a mix of MEHCN-PPV and PFBT, and MEH-CN-PPV respectively.
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To evaluate the quality of the size separation and checking the see whether or not
tailing happened along with the particle moving in the gel as a result of the electric field,
particles in different bands of the gel were extracted and size characterized using DLS. In
order to this, first the particles were size separated by electrophoresis; next, some
different bands (at different distances from the wells) containing the nanoparticles were
cut, the nanoparticles were extracted from this gel slabs and were size characterized using
DLS.
Figure 11 represents an example of this idea. This figure represents a gel containing fresh
PFBT nanoparticles being size separated in the gel, also the DLS results for three
different bands that were taken out of this gel, as the DLS results show, particles in band
A (closer to the wells) are larger than the particles in band B (the middle band), and
particles in band B are bigger in size compared to the particles in band C (the more
distant band from the wells). Table 3.1 shows the size distribution of particles in each of
these bands (showing the relative population percentages for particles of each diameter).
As these result shows, band B which is the most populated band (the brightest band) has
a very narrow size distribution. To conduct this size separation with electrophoresis, the
gel concentration was 0.46% and the electric field was set at 145 V. For the DLS
measurements, a dust cut-off with the value of 50 was applied, the equilibrium time was
set at 300 seconds and the measurement time for each measurement was 600 seconds,
and the temperature was 25 degrees Celsius.
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Figure 3.11 The gel image and DLS size characterization results for three different bands
extracted from a gel containing fresh PFBT nanoparticles after size separation with
electrophoresis.
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Table 3.1 Size distribution result attained from DLS size measurements of nanoparticles
extracted from three different bands (band A, band B and band C shown in figure 3.11)
after size separation of a one-week-old PFBT nanoparticle sample using electrophoresis.
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3.6.2 Testing the effect of electric field strength on CPN separation
To test the effect of the electric field strength on the separation of CPNs, a number of
electrophoresis tests were conducted that all had the 0.46% agarose gel without any gel
passivation, the samples were loaded as reported previously and each gel ran over a
period of 45 minutes. Electric fields of different strength such as 100 V, 130 V, 140 V,
145 V, 155 V, and 165 V were tested. For fields stronger than 140 V, cold room was
used. It was observed that at low voltages (100 V, and 130 V), particles leave a tail as
they go towards the positive electrode. At 140, the separation was good, and by going to
145 V, the resolution was enhanced. Going up from 145 V to 155 V and 165 V, the
resolution degraded again. Figure 3.12 shows a gel with particles being separated under
the electric field strength of 145 V.

Figure 3.12 Image of the running gel at different time intervals (After 7 minutes, and
after 30 minutes of running).
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3.6.3 Testing the effect of gel passivation on CPN separation
To test the effect of gel passivation on the quality of CPNs electrophoresis, PEG2000,
PEG4000, and PEG800 were used. For making the passivated gel, enough of the passivating
agent was added both to the buffer and the gel. These passivating agents were tested
under two different concentrations of 1mM and 10 mM. The result showed that as the
concentrating and the molecular weight of the passivating agent increased, the
electrophoretic mobility of the particles and the separation resolution of the
electrophoresis decreased.

3.7 Size separation of CPNs of different polymers with electrophoresis
To check the efficacy and feasibility of the electrophoresis technique for separation
of nanoparticles made of different polymers, electrophoresis experiments were conducted
using a 0.45% agarose gel and under a 145 V electric field. Three different samples were
prepared, 5 to 1 mixture of PFBT nanoparticles and glycerol, 5 to 1 mixture of MEH-CNPPV nanoparticles and glycerol and a 1:1 mixture of the first two samples. These samples
were used to fill in the right well, the left well and the middle well of the gel tray shown
in figure 3.13.
As it is shown in figure 3.13, after the electrophoresis, the mixture of particles is
dived into two distinct bands and the nanoparticles of different starting polymers are well
separated. This separation is the result of the size and the zeta potential of the
nanoparticles. The nanoparticles made from PFBT had an average diameter of 20 nm and
an average zeta potential of -47 mV and the nanoparticles made from MEH-CN-PPV had
an average diameter of 32 nm and an average zeta potential of -64 mV. It should be stated
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that depending on the preparation details, the average diameter and zeta potential might
vary, there is also batch-to-batch variability. As it is shown, the PFBT nanoparticles have
traveled over a larger distance compared to the MEH-CN-PPV nanoparticles, this shows
that for these two type of nanoparticle, their size plays a more important role than their
zeta potential on defining their electrophoretic mobility.
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Figure 3.13 Separation of CPNs made of different polymers.
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3.8 Colloidal stability of CPNs
Under some conditions, small particles tend to aggregate and flocculate over time.
According to DLVO theory,101,102 colloidal stability is determined by inter-particle
repulsive forces. When the zeta potential is near zero, or under conditions of moderate to
high ionic strength, which screens the potential, particles tend to aggregate or flocculate.
To test the colloidal stability of PFBT nanoparticles and MEH-CN-PPV nanoparticles,
samples were made and kept every month, running gels over 6 series of samples made in
6 different months, the results showed that MEH-CN-PPV particles stayed stable over 6
months but PFBT particles did not. PFBT particles started aggregating as early as a week
after sample preparation. Figure 3.14 shows size separation of MEH-CN-PPV
nanoparticle samples that were between 1 to 5 months old, as the figure shows, no
aggregation band is present and all of the different samples stay in the same band, it
could thus be concluded that MEH-CN-PPV nanoparticle samples are colloidally stable
for at least six months.
Running another gel with the same parameters on the same PFBT sample after a
week, two bands were observed, the gel representing the size separation of a one-weekold PFBT CPN sample is shown in figure 3.15. As it is shown in this picture, old PFBT
nanoparticles get divided into two major bands after the electrophoresis, one of these
bands is the one that also exists in the fresh made PFBT particles while the other one only
exists in the old sample and consists of aggregated particles. By cutting separate gel slabs
from the aggregation band and the nanoparticle band, extracting particles in separate
containers and conducting DLS measurements, the result showed that the particles in the
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first band (aggregation band) had a diameter around 50 nm, and the particles of the other
band had a diameter around 18nm, it is shown in figure 3.16. For taking these DLS
measurements, measurement temperature was 25 degrees Celsius, dust cut-off was set at
50 (this value is used for size measurements of samples containing particles with a
diameter less than 500 nm), the equilibrium time was 300 seconds and measurement time
was 600 seconds for each measurement. Table 3.2 provides the nanoparticle population
distribution, showing the relative population percentages for particles with different
diameters for different measurement trials. It appears likely that the better colloidal
stability of MEH-CN-PPV particles compared to PFBT particles is due to the fact that
they (MEH-CN-PPV) have a higher zeta potential--it is widely known that higher particle
charge (absolute value of zeta potential) typically results in improved colloidal
stability.103,104
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Figure 3.14 Agarose gel filled with MEH-CN-PPV CPN samples, checking colloidal
stability of MEH-CN-PPV CPNs. Well A is filled with two-month old particles, well B is
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filled with three-month old particles, well C is filled with four-month old particle, well D
is filled with five-month old particles and well E is filled with six-month old particles.

Figure 3.15 Photo of a gel (0.46 %, 145 V) on a one-week-old FBPT CPN sample, the
photo was taken 10 minutes after running the gel.
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Figure 3.16 DLS results for two different bands (aggregation band and nanoparticle
band) of a one-week-old PFBT nanoparticle sample.
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Aggregation band

Nanoparticle band

Trial 1

Trial 1

D (nm)

Relative population %

D (nm)

25.20

0.00

14.50

0.00

31.70

11.72

17.90

100.00

39.90

17.32

22.20

72.25

50.20

100.00

27.40

46.03

63.30

54.39

33.80

29.84

79.60

27.44

41.70

7.88

100.00

8.97

51.50

1.09

126.00

0.18

63.60

0.00

159.00

0.00

78.50

0.00

Trial 2

Relative population %

Trial 2

25.20

0.00

11.70

0.00

31.70

9.18

14.60

100.00

39.90

19.48

18.10

78.55

54.30

100.00

22.50

39.63

62.40

51.36

28.00

12.44

74.90

17.89

34.90

2.87

100.00

4.16

43.30

0.52

126.00

1.20

53.90

0.14

159.00

0.00

67.00

0.06

200.00

0.00

83.20

0.02

252.00

0.00

103.00

0.00

Table 3.2 Size distribution result attained from DLS size measurements of the aggregate
band and the nanoparticle band for a one-week-old PFBT nanoparticle sample.
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3.9 Dye Doping and Poisson Distribution
One of the key goals of this project was using size separation of CPNs with
electrophoresis to study the dynamics and the ruling factors involved in the dye doping
process of CPNs. We believe that Poisson distribution is involved in the doping of CPNs
and that the probability of particles doped with a known number of dye molecules is
governed by Poisson statistics. Poisson distribution is a discrete probability distribution
expressing the probability of a given number of events that take place in a fixed interval
of time and/ or space, assuming that these events take place with a known average rate
and independently of the last time since the last event.105 Equation 3-1 shows the formula
for the calculation of the Poisson probability for an event to happen n times in an interval.

!(# %&%#'( )# )#'%*&+,) =

/-µ µ2
2!

(3-1)

In this equation, n is the number of events in the interval, e is the Euler’s number and is
equal to 2.71828, P is the probability, n! is the factorial of n (n! = n × (n-1) × (n-2)
× …× 3 × 2 × 1), and µ is the average number of events per interval.

To test the hypothesis that Poisson distribution dictates the probability of particles of
a known diameter having a varying number of dopant molecules, perylene red doped
PFBT nanoparticles with different doing ratios (0.1 %, 0.2 %, and 0.4 %) were prepared.
The test is a seven step process. In the first step, the doped particles are prepared, in the
second step, the particles of interest are size separated using agarose gel electrophoresis,
in the third step, a narrow band, containing particles of the diameter of interest is cut from
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the gel. In the fourth step, particles are extracted from the gel. In the fifth step, a coverslip
containing the sample is prepared from the extracted particles. In the sixth step, single
molecule spectroscopy is used to gather the emission spectra of individual particles in the
sample and in the last step, the data from the single-molecule spectra is processed using a
MATLAB script to figure out what percent of particles is not doped, and what percent of
particles are doped with one, two, three, etc. dye molecules by analyzing the singlemolecule spectra and checking the extent to which fluorescence energy transfer has
occurred for each particle.
The theoretical Poisson probabilities can be calculated for the dye doped particles of
interest based on the diameter of the particle (D (nm)), doping ratio or the weight fraction
of the dye (X), density of particles ((gr/ cm3)), and the molecular weight of the dye (MW
(gr/mol)), assuming that the particles are spherical. The average number of dye molecules
per particle (µ) can be calculated using equations 3-2 and 3-3.
3

!"# = ρ× π × ) ×

µ=

10-21
6

! × $%& × '.)* × +)--.
/0

(3-2)
(3-3)

A MATLAB script is used to calculate the Poisson probabilities for particles of a
diameter of interest having a known number of dopant dye for different doping ratios.
figure 3.17 shows these probabilities for PFBT nanoparticles of five different diameters
doped with perylene red with a doping ratio of 0.002 (gr Dye/ gr PFBT).
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Figure 3.17 Poisson probability distribution for 0.2 % perylene red doped PFBT
nanoparticles.

Figure 3.18 shows a photo of a running agarose gel, loaded with perylene red doped
PFBT particles with doping ratios of 0.0 %, 0.1 %, 0.2 %, and 0.4 %. When the PFBT
particles are doped with perylene red, their fluorescence emission spectra will change due
to the energy transfer, the PFBT particle will act as a donor and absorb the light, then the
perylene red dye will emit a photon as an acceptor. Thus, the fluorescence color of the
particles as well as their fluorescence emission spectra will change from yellow (PFBT)
to red (perylene red). This can also be seen in figure 3.18 that as the doping ratio
increases, the emitted color from the sample shifts from yellow to red.
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Figure 3.18 Running gel on perylene Red doped PFBT nanoparticles with various doping
ratios (Well 1: standard, no doping, well 2: 0.1% doping, well 3: 0.2 % doping, well 4:
0.4 % doping). In this gel, region B is the most populated part of the gel.
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3.10 Single Molecule Imaging and Single Molecule Spectroscopy
Single molecule microscopy, imaging, and spectroscopy are among the powerful
tools in physics, chemistry, biology and material science.106,107,108,109 While the
measurements in bulk solutions only give the ensemble averages (averaged properties of
a large number of individual molecules), the single molecule fluorescence spectroscopy
provides removes these averages and provides more information for the investigation of
the system of study by giving per molecule based information.110,111,112,113,114,115 These
techniques provide valuable information and a better insight into system of study, this
information can be especially very important if the system is a heterogeneous one.
Information such as molecule's structure and its local environment, kinetics, and
sequence of events can be received by the analysis of the single-molecule spectra.
By having the ability to size separate the CPNs and having particles with a narrower
size distribution, single molecule spectroscopy (SMS) can be used for the study of the
effects of size of the particles on their physical properties such as energy transfer,
particles rigidity, doping ratio, and so on.
Figure 3.19 shows the single-molecule spectra for some 0.2% Perylene red doped
PFBT nanoparticles. For taking the single molecule spectroscopy, a single-molecule
microscope was used, and an optical grating was placed in the way of the emission light
coming out of the microscope and going to the camera. If the optical grating is not used,
the image will show only a bright dot representing the particle, but in the case that the
optical grating is used, the emission spectra of the particles are also shown in the
microscope image. This is due to the fact that the optical grating has different diffraction
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angles for different wavelengths of light, so when the emission light passes the optical
grating, depending on their wavelengths, the photons are detected in a different place and
are shown in different pixels of the camera.

Figure 3.19 SMS image, for taking this image, an optical grating was placed in the way
of the emission light coming out of the microscope and going to the camera.
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To compare fluorescence spectra in bulk solution and single molecular fluorescence
spectra, it should be stated that the wavelength axis in the fluorescence spectra in bulk is
related to the axis showing pixel numbers and number of pixels in the single molecular
fluorescence spectra, also the fluorescence intensity in the fluorescence spectra in bulk
solution is related to pixel intensity in the single molecular fluorescence spectra, this is
illustrated in figure 3.20. By using a standard and averaging over the single-molecule
spectra gathered from a large number of particles one can produce the fluorescence
spectra in bulk for those particles, it should be also noted that a standard is also needed to
figure out the relationship between the pixel numbers and the wavelengths.

Figure 3.20 Comparative illustrations for the two different fluorescence spectra.
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CHAPTER FOUR
CONCLUSION AND FUTURE WORK
The first chapter of this thesis provided information regarding the theory behind
fluorescence, electrophoresis and dynamic light scattering. This chapter also gave an
introduction to the properties of conjugated polymers. The focus of the second chapter
was the demonstration of the method of preparation for conjugated polymer nanoparticle
and methods of characterization of their physical and photophysical properties.
Conjugated polymer nanoparticles are promising fluorescent probes for biological
studies, they can also be utilized as sensors and light harvesting materials since they have
good absorption cross-sections, relatively high quantum yields, and good photostability.
To study the size distribution of CPN samples, atomic force microscopy and dynamic
light scattering were used. Moreover, for characterization of their photophysical
properties, their UV-vis absorption and fluorescence emission spectra were studied.
The third chapter explored the use of agarose gel electrophoresis for size separation
of CPNs and it further tested various methods for extraction of CPNs from the agarose
gel. While the nano-precipitation parameters used to prepare CPNs (e.g., concentration of
polymer, THF/water ratio) have some effect on the size distribution of the particles that
are produced, typically a fairly broad distribution of particles sizes is obtained. However,
many properties of CPNs might be a function of their size. No size separation work has
been previously done on CPNs, many separation techniques such as membrane filtration,
density gradient centrifugation, and chromatography do not work for CPNs; by the use of
electrophoresis, the CPNs were size separated and particles with narrower size
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distribution ranges were collected after extraction from the agarose gel. Several different
factors were tested to see their effect on the electrophoresis of CPNs. By testing gels of
different concentrations, it was observed that a 0.46 % agarose gel gives the best result
for separation; moreover, by testing electric fields of different strengths, it was found the
separation resolution is enhanced when the electric field is increased from 100 V to 145
V; however, going higher than that will decrease the resolution again. By passivating the
gel with PEG (polyethylene glycol), under different passivating agent concentrations and
different passivating agent molecular weights, it was observed that this passivating agent
only reduces the electrophoretic mobility of CPNs and decreases the separation
resolution. Among the different gel extraction techniques tested in this project,
microcentrifuge filtration and mini electrolysis extraction set up can be used to extract the
CPNs from the agarose gel; however, microcentrifuge filtration is not the best option
since the results showed that particles tend to aggregate after being extracted with this
technique. However, no aggregation was observed when using the mini electrolysis
technique for the extraction of CPNs from the gel.
The electrophoretic mobility of the conjugated polymer nanoparticles is a function of
their size and zeta potential, it has a direct relationship with their zeta potential and an
inverse relationship with their size. As a result CPNs that are made from different
polymers may or may not have the same electrophoretic mobility depending on how
these two factors work together, if the effect of size cancels out the effect of the zeta
potential, then two type of CPNs that are made from different conjugated polymers will
have the same electrophoretic mobility, thus it would not be possible to separate them
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from each other using electrophoresis, and if not, they will have different zeta potentials
and can be separated from each other by conducting electrophoresis. The result of
running gels on the mixture of PFBT and MEH-CN-PPV CPNs shows that
electrophoresis can be used to separate these particles from each other. Moreover, the
same results show that in case of these two type of nanoparticles, the size has a greater
influence on the particle’s electrophoretic mobility than the zeta potential; although the
MEH-CN-PPV CPNs have a larger zeta potential than the PFBT CPNs, the PFBT CPNs
have a greater electrophoretic mobility since they are smaller in size.
In this work, gel electrophoresis is used for studying the colloidal stability of the
conjugated polymer nanoparticles, the results show that nanoparticles made from the
conjugated polymer MEH-CN-PPV are colloidally stable for a period of six months after
their preparation, and no nanoparticle aggregation occurs over this period of time;
however, the nanoparticles made from PFBT are only colloidally stable for almost a week
and that these nanoparticles aggregate relatively quickly. This is likely a result of the
differing zeta potentials of the conjugated polymer nanoparticles prepared from
chemically different polymers. MEH-CN-PPV CPNs have a higher charge (absolute zeta
potential), thus they are more colloidally stable.
Several concepts are yet to be studied as the future work. Firstly, the kinetics
involved in the electrophoresis of CPNs needs to be studied more in depth. Secondly, the
effects of particle functionalization need to be worked on to see how different
functionalization agents will affect the electrophoretic separation of CPNs. Moreover,
being able to size separate CPNs and obtain particles of a narrower size distribution
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provides the possibility to work on the relation between the size of these particles and
their physical properties. As an example, the dependence of CPNs fluorescence emission
on their size in terms of the emission spectra and fluorescent lifetime can be studied.
Similarly, research needs to be done to figure out the relationship between the efficiency
of energy transfer in the doped CPNs and their sizes. In addition, although some work has
been done on credibility of Poisson statistics in the dye doping process of CPNs through
this project, more work yet needs to be done and more data needs to be gathered and
analyzed to make a solid conclusion.
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